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ABSTRACT  
The 2010 Deepwater Horizon oil spill in the Gulf of Mexico not only impacted open ocean and 
shoreline geochemical and ecological environments, but it served to promote research of 
microbial ecosystems in poorly studied habitats, such as Louisiana marshes. Sediment and water 
samples from four main marshes in southern Louisiana were collected in May 2010 (pre-oil), 
September 2010 (oiled), and June 2011 (post-oil). Sites near the Mississippi River had 
exceptionally low salinity in the immediate months following the oil spill due to freshwater 
diversion efforts; salinity increased by an order of magnitude one year later. Microbial diversity 
was evaluated from tag-encoded FLX-amplicon pyrosequencing, and phylum-level diversity 
decreased from pre- to post-oil sampling times. The major taxonomic groups changed from 
communities dominated by Proteobacteria in pre-oil conditions to communities dominated by 
Firmicutes or a mixed assembledge of Proteobacteria-Firmicutes-Bacteriodetes in oiled and 
post-oil conditions. Non-metric multidimensional scaling of taxonomic diversity against 
geochemical site parameters suggested that both the presence and concentration of hydrocarbon 
at the marsh edge, as well as the effects of changing salinity, contributed to shifts in the 
microbial community diversity at the phylum-level. The changes in community composition 
influenced the rates of community-level heterotrophic degradation of glucose, which was used as 
an analog to hydrocarbon. The maximum growth rate was higher for the most oiled samples, 
which were also samples with the greatest increase in genera associated with hydrocarbon 
degradation.  This study provides a comprehensive investigation of the diversity of microbial 
communities in marsh sediments over a period of one year, which has not been previously done. 
Collectively, the results will aid in our understanding of how coastal marsh microbial ecosystems 
can respond to disturbances and how biogeochemical cycles are affected through time.
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INTRODUCTION 
Background 
Nearly 40% of coastal salt marshes in the United States occur along the Louisiana coast 
(Boesch et al., 1994). These marshes form a transition zone between the Mississippi River Delta 
and the Gulf of Mexico (DeLaunea et al., 1990) although human-induced and natural processes 
are causing these areas to erode at alarming rates (Barbier, 1994; Boesch et al., 1994). The 
importance of coastal marshes includes, but is not limited to, the fact that they form a 
geomorphic buffer between the open marine and terrestrial landscape, are important for 
biogeochemical cycling of carbon, nitrogen, and other essential nutrients, and support important 
commercial fisheries (Barbier, 1994). Others suggest that coastal marshes may indicate climate 
change (Kim et al., 2011). Consequently, the deterioration of these natural resources has become 
an area of intense research.  
In particular, microbial community structure and function are recent areas of interest 
because geochemical reactions in marshes are carried out predominately by microbial processes 
(Bowen et al., 2011). Conceptually, it is not difficult to hypothesize that there will be changes at 
the microbial level if there are disturbances to coastal marsh systems overall, such as from 
infrastructure development, sea-level rise, or pollution. Identifying the nature and extent of 
changes to the microbial community may provide insight into what the geochemical, 
sedimentological, or ecological conditions will be like for the marsh following such disturbance 
(DeLaune and Wright, 2011). However, very limited research has been done to understand the 
baseline biogeochemistry, microbial diversity, and geomicrobiology of coastal marshes (Rivera-
Monroy et al., 2010; DeLaune and Wright, 2011; Kim et al., 2011)  
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This thesis attempts to fill the gap by investigating the microbial diversity and 
geomicrobiology of coastal marsh sediments in Louisiana that were impacted by the 2010 oil 
spill from the Macondo 252 well blowout and Deepwater Horizon explosion. Unique from early 
studies and those published since the event (e.g., Graham et al., 2010; Hazen et al., 2010), this 
research includes samples collected prior to the marsh disturbance, and compares impacted and 
unimpacted sites since the spill to determine the controls on community composition and 
whether changes in composition could be attributed to the oil or other factors. The research 
includes analyses of 454 tag pyrosequences from sediments before and after the oil spill, 
characterization of basic sediment geochemistry, and an evaluation of the growth rates and 
potential hydrocarbon degradation ability of sediment microbial communities under changing 
redox conditions, especially aerobic to anaerobic conditions. 
 
Research Hypotheses 
The main hypotheses of my research focus on diversity and the growth rates of microbes 
from impacted and unimpacted coastal marsh sediments:  
 Change in the bacterial diversity at each site will be greatest in areas with the highest crude 
oil contamination. 
 Hydrocarbon degradation rates will be higher in areas with more exposure to crude oil. 
 
Research Significance 
These hypotheses test the projections of DeLaune and Wright (2011), which are based on 
previous research from coastal marshes and experimentation on oil degradation by specific 
microbial strains and native sediment microbes (Jackson and Pardue, 1999; Carman et al., 2005). 
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DeLaune and Wright (2011) suggest that the microbial communities affected by the Deepwater 
Horizon oil spill may change because oil degrades more rapidly under aerobic conditions, and 
that the enhanced consumption of oxygen in the sediment surface layer could reduce the flux of 
oxygen into the sediment and lower the redox interface into the sediment. Depending of the 
sediment redox stratification, deepening the interface could negatively impact benthic fauna in 
the marsh, as well as vegetation, which could then reduce soil stability and increase marsh 
erosion through time. Consequently, DeLaune and Wright (2011) project that the microbial 
communities should recover due to inherent resiliency, as well as because marsh sediment 
microbial communities already have populations capable of biodegradation under a range of 
environmental conditions. Recovery of the microbial communities would lead to the recovery of 
the marsh ecosystem overall. Their suggestion is that the marshes would reestablish themselves 
and the system would recover. The problem with their prediction, however, is that there has been 
such limited research focusing on the microbial communities from Louisiana coastal marshes 
except for basic or theoretical studies. Without prior understanding of the distribution of 
microbial communities, and characterization of their metabolic capabilities, it would be difficult 
to predict what could happen after the spill.  This is why my thesis research is important, and the 
results can be used for comparison of other marsh and coastal systems, such as sandy beaches or 
even sediment from the ocean bottom. 
 
Literature Review  
The Macondo Well Blowout and Deepwater Horizon Explosion 
Deepwater Horizon was a BP-owned, semi-submersible oilrig that was drilling at the 
Macondo Prospect in the Mississippi Canyon Block 252 (MC252) before it exploded ~80 km 
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from the coast of Louisiana. According to Crone and Tolstoy (2010), 4.4 million barrels of 
Louisiana sweet crude oil spilled from MC252 over 84 days into the Gulf of Mexico. In total, 
about 11000 km
2
 of the Gulf of Mexico was contaminated, and oil and weathered oil (e.g., 
mousse, tar balls) stretched along the Texas to Florida shorelines.  
Oil spills affecting coastal marshes and in shoreline ecosystems can cause disturbance at 
both the macro and micro scales (Pezeshki et al., 2000), although because of their low 
occurrence frequency, there has not been much opportunity to research how microbial 
communities change due to oil spills in marsh habitats (DeLaune and Wright, 2011). 
Understanding microbial diversity can help to indicate the types of geochemical and biological 
relationships between microbes and their surrounding environments because certain microbes 
can use different elements as nutrients for metabolism.  
 
Microbial Degradation of Hydrocarbons 
There has been considerable research on the degradation of hydrocarbon compounds by 
microbes (Zobell, 1946; Johnsen et al., 2005; Adebusoye et al., 2006). In general, petroleum is 
comprised of three main types of hydrocarbons - alkanes, aromatics, and bitumen or alphaltic 
compounds (Davies and Hunghes, 1968). Alkanes include n-alkane, branched-alkane, and cyclic 
alkane. There are several immediate products generated by microbes during the degradation of 
alkanes, including acetate, fatty acids, CO2, and some lighter-weight hydrocarbons (Leahy and 
Colwell, 1990). CO2 is the eventual end-product of n-alkane degradation. Among all the alkane 
compounds, cyclic alkane is the most resistant to microbial degradation (Atlas, 1977). Aromatic 
compounds, especially naphathalene, can be degraded in a dissolved state (Volkering et al., 
1992; Galushko et al., 1999), and the aromatic structure is conducive to microbial degradation 
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(Cripps and Watkinson, 1978). Cyanobacteria can utilize aromatics according to Narro et al 
(1992) . However, increased presence of condensed rings of aromatic hydrocarbons results in less 
microbial degradation. For the alphatic compounds, it is unclear how microbial degradation 
proceeds because of the co-occurrence and possible co-metabolism of sulfur, oxygen, and 
nitrogen (Mijaylova-Nacheva and Canul-Chuil, 2006). Some fungi have also been observed to 
use hydrocarbon compounds (Davis and Westlake, 1979). 
From a thermodynamic standpoint, microbes and their enzymes change the ΔG of a 
reaction, and in some cases for hydrocarbons, the ΔG would be positive and therefore not likely 
to degrade or change at low temperatures and pressures. But, because of microbes, organic 
compounds are converted into the inorganic compound CO2. For example, Acinetobacter spp. 
use carbon in the 10-position from an unsaturated acid (Atlas, 1981), and Acinetobacter, 
Alcaligenes, Bacillus, Corynebacterium, and Flavobacterium spp. can consume hydrocarbons 
(Adebusoye et al., 2006). Another interesting point about microbial biodegradation, as identified 
by Adebusoye et al. (2006), is that a mix of microbial species can degrade hydrocarbons much 
faster than in pure culture in the laboratory.  
There are several factors that can limit or accelerate microbial hydrocarbon 
biodegradation rates (Galushko et al., 1999). Among them, temperature was reported to be the 
primary factor that can influence biodegradation. Specifically, microbial respiration under both 
aerobic and anaerobic conditions were significantly different between 7
o
 C and 65
o
 C (Jin and 
Bethke., 2003; Onstott et al., 2009). Salinity also plays a role in limiting microbial degradation 
rates. Higher pH values will also decrease biodegradation rate. From soil research, the 
geochemical composition of the sediment and water, as well as the amount of a phase (i.e. solid 
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vs liquid) influence the transfer of electrons. The presence of an aqueous phase results in faster 
biodegradation rates (Johnsen et al., 2005).  
Therefore, because of the importance of knowing the geochemistry of a habitat, as well as 
which microbes live in that habitat, my research determined the microbial diversity from the 
marsh sediments.  I evaluated diversity using 16S rRNA gene sequence methods, specifically 
454 tag pyrosequencing, and then evaluated the relationships between microbial diversity and 
their surrounding environment.  
 
Microbial Growth Kinetics 
One way to characterize how microbes may metabolize a substrate, like a mixture of 
hydrocarbon compounds, is to investigate microbial growth kinetics. The basis for this method is 
that, as microbial cell growth proceeds from nutrient input, there are four growth phases that 
correspond to distinct increases in microbial cell numbers (Canfield et al., 2005). The phases are, 
in order: lag phase, exponential phase, stationary phase, and death phase. Determination of the 
phase for a microbial population or community is done by plotting the number of microbial cells 
versus growth time. However, there are distinct conditions that can cause cell growth to change 
from one phase to another (Pirt, 1975; Tijhuis et al., 1993; Scholten and Conrad, 2000), 
including temperature, substrate concentration and type, presence of nutrients, and available 
system energy. Because of the different rates of growth in variant temperatures, which relates to 
the optimum temperature that microbes or specific species of microbes grow, one temperature 
should be used for experimentation.  
At a set temperature, the growth rate and other growth factors can be determined based 
on the following relationship (Monod, 1942; Canfield et al., 2005): 
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µ = µmax * [S/(Ks+S)]                  (1) 
where µ denotes the metabolic rate of specific microbe and µmax represents the max value of  
metabolism, S is the substrate concentration at the cell‟s surface, and Ks is the substrate 
concentration when half of the metabolic rate is reached. To determine the µ, three parameters 
must be determined. The concentration of substrate added to a growth medium can be regarded 
as the S. The µmax is calculated by comparing growth rates at different S concentrations. 
Previously, labeling substrate with 
13
C or 
3
 H isotopes could detect the maximum value of µ 
(Findlay et al., 1984). But, measuring the CO2 concentration is also a valid way to measure 
microbial metabolism, based on the assumption that the final byproduct is CO2. With the 
determination of µ, Ks can be used. Due to the constancy of µmax and Ks, it can be used at any 
concentration of substrate once they are determined for one microbial group. 
 For this project, I used sediments before and after the oil spill, and compared enhanced 
microbial degradation rates from the addition of glucose into a community that may or may not 
have been impacted by hydrocarbon contamination from the spill. However, it should be noted, 
that most research on microbial growth kinetics is done with single species. I was interested in 
the full community response.  
 
Thesis Organization  
My thesis is organized into different sections following traditional section headings – 
Materials and Methods, Results, and Discussion. However, within these sections, I have both 
aspects of my thesis research, the microbial diversity studies and the microbial growth kinetics 
measurements. These two components are then evaluated in combination in the Discussion to 
test my research hypotheses.  
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MATERIALS AND METHODS 
Field Sampling   
Sediment samples were acquired from the marsh edge, from the general area where the 
vegetation ended and there was open water. Samples were collected in May (pre-oil) and 
September 2010 (oiled), and June 2011 (post-oil). As part of the larger project, four locations 
were sampled May and September 2010 and June 2011, and five sites have been sampled twice 
(Figure 1).  
Sediment samples were collected using coring devices that penetrated the top 10 cm of 
sediment along marsh grass sites. The 0-1 cm depth and 1-2 cm depth were collected separately 
and frozen to -20
o
 C within 24 hours of collection. Half of the sample sites were visibly 
contaminated by oil and weathered oil products in September 2010. Only one site was noticeably 
oiled June 2011. 
 
Sediment Geochemistry 
Total Hydrocarbon Content  
Data for the total amount of alkanes and aromatics in the marsh edge sediments and 
sediments from the marsh (inland) were measured by Dr. Edward B. Overton (School of the 
Coast and Environment, Louisiana State University) as part of the larger project from all three 
sampling times. Although all of the compounds in the oil were determined, I will only use the 
total values.  
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Figure 1. Location map for seven marsh sampling sites in Louisiana. Four sites were visited three 
times before, during, and after the oil spill, and three sites were sampled twice.  
 
 
Figure 2. Taking marsh edge sediment samples along marsh edge at Site 85 (June 2011). 
Samples were collected with a coring device, and 0-1 cm and 1-2 cm depths from the sediment 
surface were sectioned into sterile whirl bags. 
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Organic Carbon and Water Content  
Total organic carbon and water content were determined from 2-5 g of sediment, 
depending on the amount of starting material. Sediment was placed in clean crucibles, weighed, 
and dried at 40
o
 C for three days to ensure that the water was completely evaporated. The dried 
samples were weighed for the water content determination. Then, the samples were incinerated 
in a muffle furnace at 510
o
 C for 5-6 hours. Samples were reweighed to determine the organic 
carbon content.  
 
Microbial Community Characterization 
DNA Extraction 
Total environmental DNA was extracted from the approximately 0.5 g sediment in 
triplicate within one week of collection using the sucrose lysis method (Guerry et al., 1973; 
Mitchell and Takacs-Vesbach, 2008). The following modifications were preformed to optimize 
DNA extraction: 2 ml of sucrose lysis buffer were used (20 mM EDTA, 200 mM NaCl, 0.75 M 
sucrose, 50 mM Tris-HCl, pH 9.0) , rather than 3 ml, and mixed with the original sediment. The 
incubation time for lysis was set extended to 6-7 hours instead of 1-2 hours. For the DNA 
precipitation, the ice bath step was replaced by incubation at -20
o
C. Centrifugation times were 
doubled for protein separation from nucleic acids. Total nucleic acids were precipitated in 
isopropanol, and pellets were washed twice with ethanol. Total nucleic acids were stored in TE 
buffer at-20
o
 C until analysis. Aliquots of retrieved nucleic acids for each of the triplicate 
extractions were homogenized into one sample for further characterization.   
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Sequence Amplification and Pyrosequencing 
Extracted nucleic acids were electrophoresed on an ethidium bromide stained ~1% TBE-
agarose gel, and the size of the bands and possible shearing were compared to a standard DNA 
ladder. DNA purity and concentration were quantified on a Nanodrop 1000 spectrophotometer 
from the ratio of absorbance at 260 and 280 nm. Prior to pyrosequencing, PCR amplification of 
the bacterial 16S rRNA gene sequences was done using universal primers (8F and 1510R; Lane 
et al., 1991), then verified samples with positive amplification were sent to the Research and 
Testing Laboratories (RTL) in Lubbock, Texas, for tag-encoded FLX amplicon pyrosequencing 
(bTEFAP) of the 16S rRNA genes from bacteria amplified from 103F-530R (Dowd et al., 2008; 
Sun et al., 2011). Samples were purified by RTL to remove PCR inhibitors and trace humic 
substances. Resulting 16S rRNA 454 tag pyrosequences (pyrotags) were sorted based on RTL-
provided barcodes for each sample, and raw sequence reads were checked for quality, which 
included eliminating pyrotags that did not match primers. Pyrotags <200 base pairs long were 
removed from additional analyses. 
 
Pyrosequence Analysis and Statistics 
Pyrotags were trimmed and aligned in the Ribosomal Database Project (RDP) Pipeline 
using quality score files. Files with quality scores <20 were removed. The program mothur 
(www.mothur.org) (Schloss et al., 2009) was used for determining and removing chimera prior 
to generating a qualified file for taxonomy. The RDP classifier was used for taxonomic 
assignments of the aligned 16S rRNA pyrotages at the 95% confidence level. 
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 Taxonomic richness and diversity estimators were calculated using mothur. A cluster 
analysis of the community compositions using the statistical software package statistiXL 
(www.statisticxl.com) in Excel was done. The software package PAST 
(http://folk.uio.no/ohammer/past/index.html) (Hammer et al., 2001) was used to construct a non-
metric multidimensional scaling (MDS) plot by applying the Bray-Curtis furthest neighbor 
dissimilarity distance matrix results against geochemical and field measurements (e.g., 
temperature, salinity, depth of sample, sampling time, canopy height, concentration of alkanes 
and aromatics, etc.; Table 1). Clusters were determined visually from examining all graphs. 
 
Microbial Growth Kinetics Experiments 
Growth experiments were done to evaluate the degradation capacity of the microbial 
communities from impacted and unimpacted sediments. Rather than using labeled substrates, 
glucose was used as a rich carbon source, and a proxy for hydrocarbons, and CO2 was measured 
as the indicator of metabolism. Samples from NSF_10_M27, NSF_10_51, NSF_11_85 (Figure 
1) were chosen to represent pre-oil contamination, oiled contamination, and post-oil 
contamination, respectively. The number of cells capable of using glucose was also determined 
from colony forming units (CFU) counts for each of the samples. 
 
CO2 Production  
For the experiments, each sample analyzed had six groups of 30 ml glass serum bottles 
for the active and control groups - live control (sediment and simulated seawater, but no 
substrate added), dead control (autoclaved sediment and simulated seawater), simulated seawater 
control 1 (only water), simulated seawater control 2 (simulated seawater only with added 
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substrate), live experiment (sediment, seawater, with glucose added), and dead experiment 
(autoclaved sediment and simulated seawater then with added glucose). Each series had five 
replicate bottles. Bottles were sealed with butyl rubber stoppers and aluminum seals, and kept in 
the dark during the experiment, either at room temperature (~22
o
 C) or in the refrigerator (4
o
 C) 
to test how much temperature would influence the degradation rates. 
The simulated synthetic sea water composition was based on Kester (1967). For 1 L, 
NaCl 23.926 g (0.41 mol); Na2SO4 4.008 g (0.03 mol); KCl 0.677g (0.009 mol); NaHCO3 0.196 
g (0.002 mol); KBr 0.098 g (0.0008 mol); H2BO3 0.026 g (0.0004 mol); NaF 0.003 g (0.00007 
mol); MgCl2
.
6H2O 10.97 g (0.054 mol); CaCl2
.
2H2O 1.47 g (0.01 mol); SrCl2
.
6H2O 0.0245 g 
(0.00009 mol).  Two concentrations of glucose (Fisher Scientific), 1 mg/ml and 10 mg/ml, were 
used for the substrate to compare degradation rates because glucose was assumed to be 
completely turned into CO2.  
Headspace gases in the serum bottles (CO2, CH4, H2S, air) were measured using a direct-
inject SRI 8610C gas chromatograph (GC) (SRI Instruments, Torrance, CA) using a HaysepQ 
column and TCD detector. Runs were isothermal and 5 minutes long. 
The amount of CO2 in the headspace was converted to glucose consumption rate from 
using Henry‟s law constant for CO2 (KH ~ 10
-1.5
 at 25 
o
C). This determined the equilibrium 
concentration of CO2 in the gas phase (i.e. headspace) and CO2 concentration in the dissolved 
phase from the experimental solutions. For example, if all of the 1 mg/ml of glucose was 
converted into CO2, then the amount of CO2 generated in the headspace would be ~3%; 
similarly, if all of the 10 mg/ml of glucose was converted to CO2, then the amount of CO2 
generated in the headspace would exceed ~30%. Differences of headspace CO2 concentrations 
between each two measuring times were calculated from the GC results. By comparing the 
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different CO2 evolution rates, the maximum value was considered to be µmax. When the CO2 
evolution rate value was half of the µmax value, that CO2 concentration was converted into an 
amount of consumed glucose in mol based on the volume of headspace. Determining the amount 
of glucose in the solution was done by subtracting the total glucose added from the half-max 
value, and the remaining glucose concentration was considered to be the Ks.  With the initial 
nutrient concentration added (10 mg/ml or 1mg/ml), Ks, and µmax, the Monod equation was then 
used to calculate the degradation rate (µ) for each sample.  
 
Colony Forming Unit (CFU) Counts  
Usually, cell growth can be determined by optical density. But, because the experiments 
were done with sediments, optical density could not be used. To determine how the numbers of 
cells capable of using glucose changed during the experiments, colony forming units (CFUs) 
were determined from plates for each of the experimental series. Plates were comprised of agar 
and simulated seawater, which were autoclaved then cooled to 55
o
 C prior to adding filter-
sterilized glucose at the same concentration of the experiment (either 1 mg/ml or 10 mg/ml). 
After mixing, plates were poured. Dilutions of either the original sample (to determine starting 
biomass) or the experimental bottles after GC analyses (post-experiment biomass) were made 
and solutions were spread-plated. Plates were incubated at room temperature for 48 hr, and the 
numbers of colonies were recorded as CFUs based on the dilutions.  
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RESULTS 
General Site Characterization 
Marsh-edge sediment samples were acquired in May 2010 (pre-oil), September 2010 
(oiled), and June 2011 (post-oil). Samples were labeled as “NSF_10_” for samples collected in 
2010, or “NSF_11_” for samples collected in 2011. Four locations were sampled three times, and 
five sites were sampled twice (Figure 1). At each location, water temperature and salinity were 
measured, and marsh inland water depth, canopy height (i.e. the height of the vegetation, such as 
marsh grass or mangroves), and other parameters pertaining to the marsh were measured (Table 
1).  
Marsh sediment samples were also collected to measure the concentrations of total inland 
and edge alkanes (mg/kg) and aromatics (ug/kg) (Table 1). Of the sites sampled three times, two 
of them were oiled with Macondo 252 oil, sites NSF_10_51 and _52 (R.E. Turner and E.B. 
Overton, personal communication). There was no detected alkane or aromatic compounds in the 
edge sediments at any site in May 2010, but interestingly there were hydrocarbon compounds 
detected inside the marsh sediments. After the oil spill, the Sept. 2010 samples from the marsh 
edge had detectable alkane and aromatic compounds, and the concentrations of the edge versus 
inland sediments varied (Table 1). At the time of this thesis writing, samples collected in June 
2011 have yet to be completely analyzed, but simple tests were done to determine total 
concentrations of hydrocarbons and the presence of Macondo 252 oil. None of these June 2011 
samples had detectable concentrations of Macondo oil, and all had very low to no total 
hydrocarbons present.  
Organic carbon content varied (Figure 3), but the Sept 2010 and June 2011 samples had 
relatively higher organic carbon content values. There was no significant difference for water 
 
 
16 
 
content (Figure 4) among the May and Sept. 2010 and June 2011 sampling times for any of the 
samples except site NSF_10_28. Generally, the water content decreases by 10% to 20%, and the 
surface sediment samples (0-1cm) had more water content than the samples from depth (1-2 cm).   
 
Microbial Community Characterization 
In total, 171,945 pyrotags were retrieved from all nine sampling locations (Table 2). Only 
samples NSF_10_M16A and NSF_10_52OA had too few pyrotags (<100 reads) for analysis, and 
those samples were removed. From the four sample locations sampled three times, 107,229 
pyrotags were obtained, with an average of 26,807 sequences per sample location (Table 2). The 
average number of pyrotags were 6359 for May 2010 samples (pre-oil), 4103 pyrotags for Sept. 
2010 samples (oiled), and 3158 for June 2011 samples (post-oil) (Table 2).  
From all the samples and times, 31 major phyla were identified, determined from >80% 
sequence similarity. For <80% sequence similarity to a known phylum, those sequences were 
grouped into the category “Others” (Table 2). Sequences affiliated to Archaea, which were rare 
and represented <0.5% of any one sample, were grouped into “Others.” Some samples had a 
large number of these sequences, and possibly signify novel diversity at the phylum level. For 
any one sample, the number of phyla identified ranged from 21 (for the NSF_10_42A sample) to 
five (for the NSF_11_56B sample) (Table 2). For three of the four sampling sites (27-51-85, 1-
42-56, 3-41-55), the number of phyla decreased from May 2010 to Sept. 2010, or from pre-oil to 
oiled conditions (from 1% to 50% decrease). The lower number of detected phyla was 
maintained for these sites at the June 2011 sampling time, as well. The greatest decrease at the 
phylum level was from the sample location 1-42-56, which was not the most heavily 
contaminated in Sept. 2010 but had a large change in salinity (Table 1).  
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Table 1. General sample site data collected in the field at the time of sediment collection. NM = 
not measured. Low = concentrations have not yet been quantified, but qualitative assessment 
indicated low to no hydrocarbons. Dashed lines denote sample location groups. 
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May 2010 1 29.7 2.69 5 110 1.1 0.02 0.0 0.0 
Sept 2010 42 31.3 4.22 3.5 88 4.6 75.8 1.0 27.9 
June 2011 56 28.7 13.93 0 75 low low low low  
May 2010 3 30.3 3.31 2.5 96 1.2 0.02 0.0 0.0 
Sept 2010 41 30.3 5.13 1 85 4.0 122.1 1.1 32.5 
June 2011 55 28.3 19.01 0 63 low low low  low 
May 2010 28 28.8 15.76 17 94 1.58 48.0 0.0 0.0 
Sept 2010 52 30.6 13.57 0 85 1.9 102.5 1.0 283.9 
June 2011 86 27.7 15.24 2.5 100 low low  low low 
May 2010 27 28.1 16.16 7.5 80 10.3 117.2 0.0 0.0 
Sept 2010 51 30.2 16.27 0 81 1.9 142.4 2.4 458.1 
June 2011 85 27.2 15.64 0 63 low low low low 
May 2010 15 31.8 8.77 13.5 142 1.1 20.4 0 0 
Sept 2010 44 30.8 8.55 2.5 100 4.0 96.5 2.3 71.8 
May 2010 16 32.1 8.53 1 101 2.0 44.5 0 0 
Sept 2010 43 29.9 8.47 0 104 4.9 168.5 2.2 81.9 
Sept 2010 46 31.2 7.39 0 80 2.8 89.2 5.2 705.7 
June 2011 58 28.7 13.2 0.5 95 low low low low 
Sept 2010 49 32.5 10.6 0 100 9.0 200.0 2.6 139.0 
June 2011 83 27.4 14.5 0.5 107 low low low low 
Sept 2010 50 33.6 11.7 0 100 2.4 70.5 30.7 909.3 
June 2011 84 28.3 15.8 1 70 low low low low 
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Figure 3. Organic carbon content for the sampling sites (Figure 1). (A) Organic carbon content in 
percent for (A) 0-1 cm depth and (B) 1-2 cm depth. Pre-oil, oil, and post-oil are labeled. 
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Figure 4. Total water content (percent) for the same sites as in Figure 3, for (A) 0-1 cm and (B) 
1-2 cm depth for pre-oil, oiled, and post-oil samples.  
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Table 2. Number of 16S rRNA gene pyrotags (first column) and percentages (second column) for phyla and candidate divisions for 
each sample. A = 0-1 cm depth; B = 1-2 cm depth. “Others” are defined aas having <80% affinity to any phylum-level classification. 
 
 
NSF_10_M27A NSF_10_M27B NSF_10_51A NSF_10_51B NSF_11_85A NSF_11_85B 
Acidobacteria 18 0.44% 14 0.48% 164 2.52% 91 3.38% 81 2.89% 60 2.42% 
Actinobacteria 67 1.66% 24 0.82% 420 6.46% 237 8.81% 73 2.61% 39 1.57% 
Aquificae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Bacteroidetes 371 9.17% 180 6.13% 349 5.36% 143 5.32% 564 20.13% 529 21.32% 
Caldiserica 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlamydiae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlorobi 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 2 0.07% 
 
0.00% 
Chloroflexi 79 1.95% 18 0.61% 111 1.71% 9 0.33% 41 1.46% 39 1.57% 
Chrysiogenetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cyanobacteria 66 1.63% 266 9.06% 99 1.52% 129 4.80% 8 0.29% 7 0.28% 
Deferribacteres 20 0.49% 
 
0.00% 67 1.03% 1 0.04% 6 0.21% 5 0.20% 
Deinococcus-Thermus 
 
0.00% 6 0.20% 7 0.11% 2 0.07% 
 
0.00% 
 
0.00% 
Fibrobacteres 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Firmicutes 832 20.57% 966 32.90% 1532 23.55% 907 33.73% 90 3.21% 280 11.29% 
Fusobacteria 12 0.30% 3 0.10% 40 0.61% 11 0.41% 
 
0.00% 2 0.08% 
Gemmatimonadetes 
 
0.00% 
 
0.00% 5 0.08% 
 
0.00% 
 
0.00% 2 0.08% 
Lentisphaerae 9 0.22% 
 
0.00% 
 
0.00% 2 0.07% 3 0.11% 
 
0.00% 
Nitrospira 
 
0.00% 
 
0.00% 1 0.02% 
 
0.00% 
 
0.00% 
 
0.00% 
Planctomycetes 22 0.54% 7 0.24% 42 0.65% 2 0.07% 39 1.39% 18 0.73% 
Proteobacteria 1874 46.33% 1266 43.12% 2619 40.26% 886 32.95% 1155 41.22% 765 30.83% 
Spirochaetes 36 0.89% 
 
0.00% 22 0.34% 4 0.15% 6 0.21% 4 0.16% 
Synergistetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Tenericutes 2 0.05% 
 
0.00% 6 0.09% 
 
0.00% 
 
0.00% 
 
0.00% 
Thermotogae 1 0.02% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Verrucomicrobia 28 0.69% 19 0.65% 54 0.83% 12 0.45% 1 0.04% 3 0.12% 
Cand. Division BRC1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP10 
 
0.00% 
 
0.00% 
 
0.00% 8 0.30% 
 
0.00% 1 0.04% 
Cand. Division OP11 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division SR1 1 0.02% 
 
0.00% 
 
0.00% 
 
0.00% 2 0.07% 3 0.12% 
Cand. Division TM7 6 0.15% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 6 0.24% 
Cand. Division WS3 8 0.20% 
 
0.00% 13 0.20% 
 
0.00% 4 0.14% 9 0.36% 
Others 593 14.66% 167 5.69% 955 14.68% 245 9.11% 727 25.95% 709 28.58% 
Number of pyrotags 4045   2936   6506   2689   2802   2481   
Number of phyla 18 
 
11 
 
17 
 
15 
 
15 
 
17 
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Table 2, continued. 
      
 
NSF_10_M28A NSF_10_M28B NSF_10_52A NSF_10_52B NSF_11_86A NSF_11_86B 
Acidobacteria 60 1.82% 205 4.39% 
 
0.00% 366 6.84% 10 0.44% 49 1.20% 
Actinobacteria 396 11.99% 135 2.89% 14 1.02% 416 7.77% 30 1.33% 76 1.86% 
Aquificae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Bacteroidetes 227 6.87% 293 6.28% 78 5.68% 176 3.29% 426 18.89% 210 5.13% 
Caldiserica 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlamydiae 
 
0.00% 2 0.04% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlorobi 
 
0.00% 12 0.26% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chloroflexi 
 
0.00% 72 1.54% 
 
0.00% 1 0.02% 67 2.97% 
 
0.00% 
Chrysiogenetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cyanobacteria 33 1.00% 57 1.22% 49 3.57% 26 0.49% 29 1.29% 173 4.22% 
Deferribacteres 
 
0.00% 18 0.39% 43 3.13% 
 
0.00% 32 1.42% 
 
0.00% 
Deinococcus-Thermus 
 
0.00% 3 0.06% 
 
0.00% 
 
0.00% 25 1.11% 
 
0.00% 
Fibrobacteres 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Firmicutes 1244 37.67% 362 7.76% 481 35.01% 2218 41.43% 546 24.21% 2586 63.12% 
Fusobacteria 
 
0.00% 20 0.43% 81 5.90% 
 
0.00% 
 
0.00% 
 
0.00% 
Gemmatimonadetes 21 0.64% 19 0.41% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Lentisphaerae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Nitrospira 
 
0.00% 43 0.92% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Planctomycetes 22 0.67% 111 2.38% 
 
0.00% 13 0.24% 41 1.82% 514 12.55% 
Proteobacteria 1054 31.92% 2632 56.42% 391 28.46% 1943 36.29% 480 21.29% 360 8.79% 
Spirochaetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Synergistetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Tenericutes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 1 0.02% 
Thermotogae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Verrucomicrobia 
 
0.00% 49 1.05% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division BRC1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP10 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP11 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division SR1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division TM7 
 
0.00% 12 0.26% 
 
0.00% 
 
0.00% 30 1.33% 
 
0.00% 
Cand. Division WS3 
 
0.00% 3 0.06% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Others 245 7.42% 617 13.23% 237 17.25% 195 3.64% 539 23.90% 128 3.12% 
Number of pyrotags 3302   4665   1374   5354   2255   4097   
Number of phyla   8  18  7  8  11  8  
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Table 2, continued. 
 
NSF_10_M1A NSF_10_M1B NSF_10_42A NSF_10_42B NSF_11_56A NSF_11_56B 
Acidobacteria 319 3.72% 321 4.73% 
 
0.00% 424 8.40% 25 0.92% 
 
0.00% 
Actinobacteria 764 8.90% 707 10.42% 557 12.51% 322 6.38% 53 1.94% 
 
0.00% 
Aquificae 
 
0.00% 
 
0.00% 2 0.04% 
 
0.00% 
 
0.00% 
 
0.00% 
Bacteroidetes 421 4.91% 184 2.71% 114 2.56% 251 4.98% 481 17.64% 247 18.11% 
Caldiserica 
 
0.00% 
 
0.00% 
 
0.00% 1 0.02% 
 
0.00% 
 
0.00% 
Chlamydiae 
 
0.00% 
 
0.00% 
 
0.00% 5 0.10% 
 
0.00% 
 
0.00% 
Chlorobi 
 
0.00% 
 
0.00% 
 
0.00% 2 0.04% 
 
0.00% 
 
0.00% 
Chloroflexi 
 
0.00% 
 
0.00% 
 
0.00% 128 2.54% 
 
0.00% 6 0.44% 
Chrysiogenetes 
 
0.00% 
 
0.00% 
 
0.00% 2 0.04% 
 
0.00% 
 
0.00% 
Cyanobacteria 136 1.59% 46 0.68% 22 0.49% 148 2.93% 61 2.24% 2 0.15% 
Deferribacteres 38 0.44% 
 
0.00% 
 
0.00% 16 0.32% 
 
0.00% 
 
0.00% 
Deinococcus-Thermus 2 0.02% 
 
0.00% 
 
0.00% 8 0.16% 
 
0.00% 
 
0.00% 
Fibrobacteres 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Firmicutes 2554 29.77% 2616 38.54% 2081 46.73% 820 16.25% 1375 50.44% 755 55.35% 
Fusobacteria 280 3.26% 
 
0.00% 
 
0.00% 6 0.12% 
 
0.00% 
 
0.00% 
Gemmatimonadetes 10 0.12% 
 
0.00% 
 
0.00% 24 0.48% 
 
0.00% 
 
0.00% 
Lentisphaerae 
 
0.00% 
 
0.00% 
 
0.00% 1 0.02% 
 
0.00% 
 
0.00% 
Nitrospira 14 0.16% 
 
0.00% 
 
0.00% 39 0.77% 
 
0.00% 
 
0.00% 
Planctomycetes 19 0.22% 
 
0.00% 3 0.07% 172 3.41% 
 
0.00% 
 
0.00% 
Proteobacteria 3579 41.71% 2570 37.86% 1559 35.01% 1637 32.45% 259 9.50% 269 19.72% 
Spirochaetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 21 0.77% 
 
0.00% 
Synergistetes 23 0.27% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Tenericutes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Thermotogae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Verrucomicrobia 4 0.05% 1 0.01% 2 0.04% 10 0.20% 
 
0.00% 
 
0.00% 
Cand. Division BRC1 
 
0.00% 6 0.09% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP10 4 0.05% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP11 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division SR1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division TM7 3 0.03% 
 
0.00% 
 
0.00% 1 0.02% 32 1.17% 
 
0.00% 
Cand. Division WS3 
 
0.00% 
 
0.00% 
 
0.00% 12 0.24% 
 
0.00% 
 
0.00% 
Others 410 4.78% 337 4.96% 113 2.54% 1016 20.14% 419 15.37% 85 6.23% 
Number of pyrotags 8580 
 
6788 
 
4453 
 
5045 
 
2726 
 
1364 
 Number of phyla 16  8  8  21  8  5  
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Table 2, continued. 
 
NSF_10_M3A NSF_10_M3B NSF_10_41A NSF_10_41B NSF_11_55A NSF_11_55B 
Acidobacteria 262 2.59% 54 0.60% 27 0.74% 197 2.80% 176 4.22% 37 2.05% 
Actinobacteria 331 3.27% 87 0.97% 139 3.79% 189 2.69% 148 3.55% 92 5.10% 
Aquificae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Bacteroidetes 2556 25.24% 1729 19.27% 122 3.32% 434 6.18% 774 18.57% 394 21.84% 
Caldiserica 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlamydiae 
 
0.00% 2 0.02% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chlorobi 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Chloroflexi 287 2.83% 40 0.45% 5 0.14% 4 0.06% 38 0.91% 8 0.44% 
Chrysiogenetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cyanobacteria 212 2.09% 157 1.75% 14 0.38% 78 1.11% 54 1.30% 127 7.04% 
Deferribacteres 2 0.02% 
 
0.00% 9 0.25% 13 0.19% 
 
0.00% 
 
0.00% 
Deinococcus-Thermus 
 
0.00% 
 
0.00% 
 
0.00% 1 0.01% 
 
0.00% 
 
0.00% 
Fibrobacteres 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 14 0.34% 
 
0.00% 
Firmicutes 750 7.41% 712 7.93% 686 18.69% 4231 60.24% 1263 30.31% 759 42.07% 
Fusobacteria 16 0.16% 5 0.06% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Gemmatimonadetes 6 0.06% 2 0.02% 9 0.25% 1 0.01% 
 
0.00% 
 
0.00% 
Lentisphaerae 7 0.07% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Nitrospira 9 0.09% 7 0.08% 25 0.68% 10 0.14% 79 1.90% 
 
0.00% 
Planctomycetes 150 1.48% 100 1.11% 8 0.22% 16 0.23% 62 1.49% 8 0.44% 
Proteobacteria 4306 42.52% 5722 63.77% 2430 66.19% 1576 22.44% 866 20.78% 326 18.07% 
Spirochaetes 45 0.44% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Synergistetes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Tenericutes 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Thermotogae 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Verrucomicrobia 109 1.08% 28 0.31% 6 0.16% 7 0.10% 
 
0.00% 
 
0.00% 
Cand. Division BRC1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP10 
 
0.00% 4 0.04% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division OP11 2 0.02% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 
Cand. Division SR1 
 
0.00% 
 
0.00% 
 
0.00% 
 
0.00% 13 0.31% 
 
0.00% 
Cand. Division TM7 3 0.03% 
 
0.00% 1 0.03% 
 
0.00% 79 1.90% 6 0.33% 
Cand. Division WS3 
 
0.00% 6 0.07% 2 0.05% 1 0.01% 16 0.38% 
 
0.00% 
Others 1075 10.61% 318 3.54% 188 5.12% 266 3.79% 585 14.04% 47 2.61% 
Number of pyrotags 10128 
 
8973 
 
3671 
 
7024 
 
4167 
 
1804 
 Number of phyla 17  15  14  14  13  9  
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Table 2, continued. 
 
NSF_10_M15A NSF_10_M15B NSF_10_44A NSF_10_44B 
Acidobacteria 77 0.89% 187 4.17% 126 4.61% 14 0.52% 
Actinobacteria 91 1.05% 52 1.16% 317 11.61% 26 0.97% 
Aquificae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Bacteroidetes 1784 20.64% 224 5.00% 28 1.03% 65 2.44% 
Caldiserica 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlamydiae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlorobi 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chloroflexi 150 1.74% 111 2.48% 16 0.59% 5 0.19% 
Chrysiogenetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cyanobacteria 78 0.90% 33 0.74% 27 0.99% 17 0.64% 
Deferribacteres 0 0.00% 6 0.13% 0 0.00% 0 0.00% 
Deinococcus-Thermus 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Fibrobacteres 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Firmicutes 332 3.84% 289 6.45% 1325 48.52% 1993 74.73% 
Fusobacteria 0 0.00% 3 0.07% 35 1.28% 0 0.00% 
Gemmatimonadetes 3 0.03% 18 0.40% 5 0.18% 10 0.37% 
Lentisphaerae 0 0.21% 0 0.00% 0 0.00% 0 0.00% 
Nitrospira 18 1.65% 0 0.00% 17 0.62% 4 0.15% 
Planctomycetes 143 54.51% 73 1.63% 6 0.22% 19 0.71% 
Proteobacteria 4711 0.00% 2943 65.6% 393 14.39% 290 10.87% 
Spirochaetes 0 0.00% 4 0.09% 0 0.00% 0 0.00% 
Synergistetes 0 0.00% 0 0.00% 5 0.18% 0 0.00% 
Tenericutes 0 0.00% 1 0.02% 0 0.00% 0 0.00% 
Thermotogae 0 0.00% 0 0.00% 0 0.00% 17 0.64% 
Verrucomicrobia 39 0.45% 27 0.6% 24 0.88% 11 0.41% 
Cand. Division BRC1 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP10 9 0.1%0 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP11 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division SR1 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division TM7 4 0.05% 3 0.07% 1 0.04% 0 0.00% 
Cand. Division WS3 0 0.00% 2 0.04% 15 0.55% 0 0.00% 
Others 1203 13.92% 506 11.29% 391 14.32% 196 7.35% 
Number of pyrotags 8642 
 
4482 
 
2731 
 
2667 
 Number of phyla 13  16  15  12  
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Table 2, continued. Note: NSF_10_M16A did not have enough sequences for analysis. 
 
NSF_10_M16B NSF_10_43A NSF_10_43B 
Acidobacteria 88 1.62% 336 8.54% 495 6.74% 
Actinobacteria 20 0.37% 235 5.98% 545 7.42% 
Aquificae 0 0.00% 0 0.00% 0 0.00% 
Bacteroidetes 294 5.42% 223 5.67% 167 2.27% 
Caldiserica 0 0.00% 0 0.00% 0 0.00% 
Chlamydiae 0 0.00% 0 0.00% 0 0.00% 
Chlorobi 0 0.00% 0 0.00% 0 0.00% 
Chloroflexi 71 1.31% 40 1.02% 35 0.48% 
Chrysiogenetes 0 0.00% 0 0.00% 0 0.00% 
Cyanobacteria 201 3.71% 63 1.60% 68 0.93% 
Deferribacteres 0 0.00% 8 0.20% 3 0.04% 
Deinococcus-Thermus 0 0.00% 9 0.23% 10 0.14% 
Fibrobacteres 0 0.00% 0 0.00% 0 0.00% 
Firmicutes 2215 40.83% 178 4.53% 2353 32.03% 
Fusobacteria 21 0.39% 2 0.05% 32 0.44% 
Gemmatimonadetes 1 0.02% 17 0.43% 52 0.71% 
Lentisphaerae 0 0.00% 1 0.03% 0 0.00% 
Nitrospira 0 0.00% 56 1.42% 100 1.36% 
Planctomycetes 31 0.57% 116 2.95% 84 1.14% 
Proteobacteria 1993 36.74% 1782 45.31% 2406 32.75% 
Spirochaetes 8 0.15% 0 0.00% 0 0.00% 
Synergistetes 0 0.00% 0 0.00% 0 0.00% 
Tenericutes 19 0.35% 0 0.00% 3 0.04% 
Thermotogae 0 0.00% 0 0.00% 0 0.00% 
Verrucomicrobia 20 0.37% 17 0.43% 25 0.34% 
Cand. Division BRC1 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP10 0 0.00% 0 0.00% 11 0.15% 
Cand. Division OP11 0 0.00% 0 0.00% 0 0.00% 
Cand. Division SR1 0 0.00% 0 0.00% 0 0.00% 
Cand. Division TM7 0 0.00% 0 0.00% 1 0.01% 
Cand. Division WS3 9 0.17% 0 0.00% 21 0.29% 
Others 506 8.00% 850 21.61% 932 12.73% 
Number of pyrotags 5497 
 
3933 
 
7346 
 Number of phyla 15  15  19  
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Table 2, continued. 
 
NSF_10_46A NSF_10_46B NSF_11_58A NSF_11_58B 
Acidobacteria 2 0.13% 0 0.00% 18 1.30% 115 3.88% 
Actinobacteria 103 6.70% 525 17.34% 0 0.00% 162 5.46% 
Aquificae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Bacteroidetes 103 6.70% 94 3.11% 19 1.37% 232 7.82% 
Caldiserica 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlamydiae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlorobi 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chloroflexi 0 0.00% 0 0.00% 0 0.00% 157 5.30% 
Chrysiogenetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cyanobacteria 0 0.00% 5 0.17% 0 0.00% 42 1.42% 
Deferribacteres 20 1.30% 0 0.00% 0 0.00% 11 0.37% 
Deinococcus-Thermus 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Fibrobacteres 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Firmicutes 798 51.89% 1748 57.75% 833 60.27% 76 2.56% 
Fusobacteria 0 0.00% 1 0.03% 0 0.00% 0 0.00% 
Gemmatimonadetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Lentisphaerae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Nitrospira 0 0.00% 0 0.00% 0 0.00% 25 0.84% 
Planctomycetes 0 0.00% 0 0.00% 0 0.00% 69 2.33% 
Proteobacteria 394 25.62% 593 19.59% 361 26.12% 734 24.76% 
Spirochaetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Synergistetes 2 0.13% 0 0.00% 0 0.00% 0 0.00% 
Tenericutes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Thermotogae 1 0.07% 0 0.00% 0 0.00% 0 0.00% 
Verrucomicrobia 0 0.00% 0 0.00% 0 0.00% 8 0.27% 
Cand. Division BRC1 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP10 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP11 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division SR1 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division TM7 0 0.00% 0 0.00% 0 0.00% 10 0.34% 
Cand. Division WS3 0 0.00% 0 0.00% 0 0.00% 1 0.03% 
Others 115 
 
61 2.02% 151 10.93% 1323 44.62% 
Number of pyrotags 1538 
 
3027 
 
1382 
 
2965 
 Number of phyla 8  6  4  13  
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Table 2, continued. 
 
NSF_10_49A NSF_10_49B NSF_11_83A NSF_11_83B 
Acidobacteria 88 3.18% 83 1.61% 90 2.32% 90 2.90% 
Actinobacteria 26 0.94% 88 1.70% 219 5.65% 18 0.58% 
Aquificae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Bacteroidetes 77 2.78% 811 15.71% 372 9.60% 332 10.69% 
Caldiserica 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlamydiae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chlorobi 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Chloroflexi 1 0.04% 54 1.05% 131 3.38% 124 3.99% 
Chrysiogenetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cyanobacteria 0 0.00% 533 10.32% 74 1.91% 16 0.52% 
Deferribacteres 0 0.00% 12 0.23% 19 0.49% 25 0.81% 
Deinococcus-Thermus 0 0.00% 27 0.52% 4 0.10% 0 0.00% 
Fibrobacteres 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Firmicutes 991 35.80% 247 4.78% 130 3.35% 194 6.25% 
Fusobacteria 18 0.65% 5 0.10% 0 0.00% 0 0.00% 
Gemmatimonadetes 0 0.00% 20 0.39% 0 0.00% 0 0.00% 
Lentisphaerae 0 0.00% 13 0.25% 0 0.00% 3 0.10% 
Nitrospira 8 0.29% 1 0.02% 9 0.23% 2 0.06% 
Planctomycetes 4 0.14% 68 1.32% 96 2.48% 65 2.09% 
Proteobacteria 1404 50.72% 2258 43.73% 1234 31.85% 830 26.73% 
Spirochaetes 0 0.00% 17 0.33% 15 0.39% 20 0.64% 
Synergistetes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Tenericutes 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Thermotogae 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Verrucomicrobia 0 0.00% 160 3.10% 23 0.59% 9 0.29% 
Cand. Division BRC1 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP10 0 0.00% 0 0.00% 6 0.15% 2 0.06% 
Cand. Division OP11 0 0.00% 0 0.00% 0 0.00% 0 0.00% 
Cand. Division SR1 0 0.00% 2 0.04% 0 0.00% 0 0.00% 
Cand. Division TM7 3 0.11% 9 0.17% 0 0.00% 2 0.06% 
Cand. Division WS3 0 0.00% 1 0.02% 3 0.08% 2 0.06% 
Others 148 5.35% 754 14.60% 1450 37.42% 1371 44.15% 
Number of pyrotags 2768 
 
5163 
 
3875 
 
3105 
 Number of phyla 10  20  15  16  
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Table 2, continued. Note: NSF_10_50A was only sampled at the surface because of free oil and the desire to not contaminate 
sampling devices. 
 
NSF_10_50A NSF_11_84A NSF_11_84B 
Acidobacteria 0 0.00% 303 6.82% 132 4.11% 
Actinobacteria 85 12.04% 209 4.71% 38 1.18% 
Aquificae 0 0.00% 0 0.00% 0 0.00% 
Bacteroidetes 1 0.14% 740 16.66% 428 13.34% 
Caldiserica 0 0.00% 0 0.00% 0 0.00% 
Chlamydiae 0 0.00% 0 0.00% 0 0.00% 
Chlorobi 0 0.00% 0 0.00% 0 0.00% 
Chloroflexi 0 0.00% 118 2.66% 79 2.46% 
Chrysiogenetes 0 0.00% 0 0.00% 0 0.00% 
Cyanobacteria 0 0.00% 58 1.31% 45 1.40% 
Deferribacteres 0 0.00% 2 0.05% 13 0.41% 
Deinococcus-Thermus 0 0.00% 1 0.02% 5 0.16% 
Fibrobacteres 0 0.00% 0 0.00% 0 0.00% 
Firmicutes 392 55.52% 84 1.89% 554 17.26% 
Fusobacteria 1 0.14% 0 0.00% 0 0.00% 
Gemmatimonadetes 0 0.00% 1 0.02% 0 0.00% 
Lentisphaerae 0 0.00% 0 0.00% 0 0.00% 
Nitrospira 0 0.00% 273 6.15% 49 1.53% 
Planctomycetes 0 0.00% 236 5.31% 65 2.03% 
Proteobacteria 189 26.77% 1402 31.56% 778 24.24% 
Spirochaetes 0 0.00% 0 0.00% 5 0.16% 
Synergistetes 0 0.00% 0 0.00% 0 0.00% 
Tenericutes 0 0.00% 0 0.00% 0 0.00% 
Thermotogae 0 0.00% 0 0.00% 0 0.00% 
Verrucomicrobia 0 0.00% 22 0.50% 7 0.22% 
Cand. Division BRC1 0 0.00% 0 0.00% 0 0.00% 
Cand. Division OP10 0 0.00% 4 0.09% 4 0.12% 
Cand. Division OP11 0 0.00% 0 0.00% 0 0.00% 
Cand. Division SR1 0 0.00% 1 0.02% 5 0.16% 
Cand. Division TM7 0 0.00% 27 0.61% 19 0.59% 
Cand. Division WS3 0 0.00% 0 0.00% 1 0.03% 
Others 38 5.38% 961 21.63% 982 30.60% 
Number of pyrotags 706 
 
4442 
 
3209 
 Number of phyla 5  16  17  
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Overall, Proteobacteria and Firmicutes dominated both sampling depths (0-1 cm and 1-2 
cm) for all sample locations. But, the order of dominance greater than these top two phyla varied 
with depth. For the surface 0-1 cm sampling interval, the most abundant phyla were (in 
decreasing order of abundance for the top 10 phyla): Proteobacteria, Firmicutes, Bacteriodetes,  
Chloroflexi, Actinobacteria, Cyanobacteria, Spirochaetes, Verrucomicrobia, Planctomycetes, 
and Deferribacteres. For the 1-2 cm depth, the most abundant phyla were (in decreasing order of 
abundance for the top 10 phyla): Proteobacteria, Firmicutes, Cyanobacteria, Bacteriodetes, 
Actinobacteria, Verrucomicrobia, Chloroflexi, Acidobacteria, Planctomycetes, and 
Deinococcus-Thermus.  
The relative abundance of Proteobacteria decreased for all sampling locations from May 
2010 to June 2011, while the abundance of Firmicutes and Bacteriodetes generally increased, 
especially from May 2010 to Sept. 2010 (Figure 5A). If there was an increase in the abundance 
of either of these two phyla during this time, then the relative abundance of these groups 
continued to increase from Sept. 2010 to June 2011 (Table 2). For three of the four locations, the 
abundance of Actinobacteria decreased from May 2010 to June 2011. These changes coincided 
with the Bray-Curtis furtherest neighbor cluster analysis, which was done with the sites sampled 
three times (Figure 5B).   
The cluster analysis revealed that sample sites were similar to each other based on 
taxonomic composition, rather than by geography, sampling depth, exposure to oil, or sampling 
time (Figure 5B). Sites NSF_10_M1A&B, NSF_10_M3A&B, and NSF_11_85A&B were 
closely related to each other, but also clustered into groups with other samples. Five major 
clusters could be identified: Cluster I, Firmicutes + Proteobacteria; Cluster II, Proteobacteria + 
Others; Cluster III, Proteobacteria/Firmicutes with Others; Cluster IV, Firmicutes-dominated; 
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Figure 5. (A) The cumulative abundance of bacteria evaluated at the phylum taxonomic level for 
the four sampling locations and the five major phyla and 17 minor phyla and others identified. 
The total number of sequences per sample, and the distribution of sequences per taxonomic 
group are listed in Table 2. Sites that had detected Macondo 252 oil are noted with stars, 
although total alkanes and aromatics were measured from all Sept. 2010 sample sites (Table 1). 
(B) Comparison of bacterial diversity of the different sites sampled three times based on the 
cluster analysis of diversity using the Bray-Curtis furthest neighbor dissimilarity distance (p 
<0.001). Clusters I- V are discussed in the text. 
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  Cluster V, Proteobacteria-dominated. There was some indication that clustering could 
also be due to sample time at a fine scale. At a broad scale, only one cluster indicated some 
relationship to sample time. Cluster IV was comprised of Sept. 2010 and June 2011 samples, and 
although May 2010 samples NSF_10_M1A&B also clustered with this group, Firmicutes 
comprised ~30% of the samples with almost equal abundance of Proteobacteria.  
A better evaluation of the possible relationships was done from non-metric MDS 
calculated in PAST for microbial diversity at the phylum level and habitat geochemistry and 
other field parameters (Figure 6). Habitat conditions, such as water temperature, inland water 
depth, and inland canopy height, total organic carbon content, etc., may explain the clustering of 
diversity for May 2010 sample sites NSF_10_M1A&B and _M3A&B, as well as the samples 
from these locations in Sept. 2010 (NSF_10_41A&B, and _42A&B). Each of the shaded areas in 
Figure 6 are labeled with the cluster types from Figure 5:“Proteobacteria + Others” being 
Clusters I-III, Cluster IV being Firmicutes-dominated, and Cluster V, Proteobacteria-dominated. 
Of all the sites sampled, only two pre-oil and oiled sites (NSF_10_M16 and 
NSF_10_M15) had no observed hydrocarbon in the marsh during September 2010, although 
there was some detectable hydrocarbons reported (Table 1). These two locations had pre-oil 
microbial communities that were dominated by Proteobacteria, but these communities shifted 
during oiled conditions (Figure 7). For the NSF_10_M15 site, the shift to a Firmicutes-
dominated community was visually apparent (Figure 7A), but the communities at NSF_10_M16 
did not shift over time (Figure 7B). The dimensions for community shift corresponded to 
hydrocarbon content at the marsh edge.  
For the highly oiled location (NSF_10_M27, NSF_10_51, and NSF_11_85), the 
dimension of greatest influence that explained a community shift from pre-oil (NSF_10_M27) to 
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post-oil site (NSF_11_85) conditions on the non-metric MDS plot (Figure 8) is consistent with 
edge hydrocarbon concentration and total organic carbon content initially, then to the dimension 
of salinity, but opposite the hydrocarbon influence. A similar pattern was observed for   
samples with high hydrocarbon content in Sept. 2010, but no to low oil in June 2011 (Figure 9).  
For the two locations that had the most change in salinity from pre-oil to post-oil 
conditions (Table 1), and some hydrocarbon contamination, the shift in the microbial community 
composition was consistent with the dimension of salinity, with some influence from 
hydrocarbon concentration (Figure 10).  
Phylum-level taxonomic diversity hinted to some fundamental changes in the microbial 
communities from pre-oil to post-oil conditions for the Louisiana marshes. To understand which 
groups of communities changed, and possible relationships to the types of geochemical changes 
that may have influenced shifts in the community composition (e.g., salinity, hydrocarbon 
contamination), the taxonomic diversity at the genus-level was evaluated for the three most 
abundant phyla, Proteobacteria, Bacteriodetes, and Firmicutes (Figure 11). With 454 
pyrosequences, the highest resolution of taxonomic classification can reliably be done to the 
genus level. However, for some samples, it was not possible to characterize the genus-level 
diversity because there were no previously known genera that the sequences were related to; 
these sequences were classified as “Others”. 
For Proteobacteria (Figure 11A), the most number of genera were identified, and this 
included classification within the classes Alphaproteobacteria, Betaproteobacteria, 
Gammaproteobacteria, Deltaproteobacteria, and Epsilonproteobacteria. Several known 
hydrocarbon-degraders were identified, including the genera Pseudomonas and Leucothrix. 
Pseudomonas was found to be a main member for many of the communities, representing >10%  
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 Figure 6. Non-metric multidimensional scaling (MDS) plot showing sample locations (only 
labeled with the site number and A for 0-1 cm depth and B for 1-2 cm depth), as well as 
clustering according to phylum-level clustering and habitat characteristics from Table 1, 
including water temperature, sample depth, salinity, sample month, inland canopy height (ICH), 
inland water depth (IWD), inland alkane concentration (IAlk), inland aromatic concentration 
(IAro), marsh edge alkane concentration (EAlk), and marsh edge aromatic concentration (EAro). 
Total organic carbon (Figure 3) (TOC) and water (Figure 4) content (% H2O) were also used for 
the analysis. The R
2
 values between distances from the ordination and the original target are 0.60 
for coordinate 1 and 0.18 for coordinate 2 (p<0.0001). Stress was 0.13. Phylum assignments 
correspond to clusters from Figure 5.  
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Figure 7. The non-metric MDS plots for (A) NSF_10_15 and (B) NSF_10_16 locations. The  
arrows (pink) show the dimension of influence at the phylum-level for the communities. For 
samples at location NSF_10_15 (A), the communities shifted from being Proteobacteria-
dominated to Firmicutes-dominated. The communities did not shift for the other location. 
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Figure 8. This non-metric MDS plot for sample location NSF_10_M27, 10_51, and 11_85, 
which had the highest edge aromatic hydrocarbon concentrations (Table 1), shows that the 
microbial communities shifted, but not by becoming dominated by Firmicutes like some of the 
other locations. The number of phyla at the surface depth (0-1 cm) decreased, but the 1-2 cm 
depth increased (Table 2). The pink arrow indicates the dimension corresponding to community 
shift over time, first being influenced by edge hydrocarbon and total organic carbon (TOC) 
content influence, and then toward a mixed Proteobacteria-community influenced by salinity. 
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Figure 9. These locations were sampled in oiled conditions (Sept. 2010), and had high 
hydrocarbon content at the marsh edge (Table 1). Based on the non-metric MDS plot, the 
communities shifted from being Firmicutes-dominated to being dominated by a mix of 
Proteobacteria and others. The shift in community composition (pink arrow) is opposite of the 
direction for hydrocarbon influence. These sites had low to no detectable oil in June 2011.    
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Figure 10. These locations, (A) NSF_10_3 and (B) NSF_10_1, had the largest change in salinity 
from pre-oil to post-oil conditions (Table 1). Based on the non-metric MDS plot, the 
communities shifted from their initial communities over time (pink arrows), and the shifts were 
in the direction of influence consistent with salinity, with some influence from hydrocarbon.  
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of the relative abundances. Leucothrix was only identified from NSF_11_85A&B. Similar 
microbial community compositions were observed for sites NSF_10_M1A &B and _M3A&B, as 
well as from NSF_11_85A&B, whereas for NSF_10_M27B, Rheinheimera represented more 
than half of the community. Among the Firmicutes (Figure 11B), eight genera were the most 
abundant. All the June 2011 post-oil samples showed an increase in the number of Firmicutes-
affiliated pyrotags, but the number of genera decreased. For Bacteriodetes (Figure 11C), 
Prevotella, Flavobacterium and Bacteriodes comprised >10% in most of the samples. In all but 
sample NSF_10_51A, the number of genera decreased from May 2010 to June 2011. 
Flavobacterium dominated half of the May 2010 pre-oil sites NSF_10_M1 and _M3, but were 
low to absent from NSF_10_M27 or _M28 samples. Prevotella abundance increased in most of 
June 2011 samples except for NSF_11_51A where oil was reported. Flavobacterium have been 
associated with aromatic degradation (Adebusoye et al., 2006; Hemalatha and Veeramanikandan, 
2011).  
 
Microbial Growth Kinetics 
For all the incubations, regardless of substrate concentrations, the amount of measured 
CO2 in dead controls, seawater controls, and live controls with no addition of glucose remained 
relatively constant or at atmospheric levels. In contrast, addition of glucose into live experiments 
resulted in an increase in the amount of CO2 in the headspace (Tables 3 and 4). The amount of 
CO2 generated from the 10 mg/ml glucose incubations was approximately an order of magnitude 
higher than the 1 mg/ml glucose incubations (Figure 12 and 13), suggesting a different value for 
max (Table 5). There was a slight difference in the amount of CO2 generated from the pre-oil 
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Figure 11 Distribution of genera within the (A) Proteobacteria, (B) Firmicutes, and (C) Bacteriodetes phyla from the four sampling 
location and three sample times (Figure 1, Table 1). Distributions are according to the RDP Pipeline Taxonomic Classifier. If the 
genus-level information could not be determined, then the classification of  “Others” was used. The gray shaded portion of the pie 
charts represents this Other classification 
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Figure 11 Distribution of genera within the (A) Proteobacteria, (B) Firmicutes, and (C) Bacteriodetes phyla from the four sampling 
location and three sample times (Figure 1, Table 1). Distributions are according to the RDP Pipeline Taxonomic Classifier. If the 
genus-level information could not be determined, then the classification of  “Others” was used. The gray shaded portion of the pie 
charts represents this Other classification 
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Figure 11 Distribution of genera within the (A) Proteobacteria, (B) Firmicutes, and (C) Bacteriodetes phyla from the four sampling 
location and three sample times (Figure 1, Table 1). Distributions are according to the RDP Pipeline Taxonomic Classifier. If the 
genus-level information could not be determined, then the classification of  “Others” was used. The gray shaded portion of the pie 
charts represents this Other classification
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samples versus the oiled samples, although there was a slight lag in the CO2 production for pre-
oil samples.                    
From the incubations at different temperatures (4
o
C and 22
o
C), there was a one to two 
week delay in CO2 production at 4
o
C.  Once the amount of CO2 produced reached its maximum 
concentration, the total amount was less at 4
o
C than at the higher temperature.  
To evaluate the capacity of the microbial community to degrade additional substrate 
when already in stationary phases, two sets of experiments were done that spiked the samples 
with additional amounts of glucose (Figure 14). The production of CO2 in these spiked samples 
only increased slightly, indicating that the microbial communities could not degrade the 
additional substrate.  
The increase in growth rates corresponded to an increase in the CFUs for the samples 
(Table 6). More CFUs were observed from the 10 mg/ml group compared to the 1 mg/ml group. 
The number of CFUs decreased from pre-oil samples to oiled samples, but increased slightly in 
the post-oil sample for the 10 mg/ml group but decreased in the 1 mg/ml post-oil samples.  
                                                                                                                                                                                                     
B C 
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Table 3. CO2 evolution (in percent) from experiments with 10 mg/ml glucose. LC, live control; 
LE, live experiment; DC, dead experiment; DE, dead experiment with glucose. 
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M27 0 0.04% 0.04% 0.04% 0.04% M28 0 0.04% 0.04% 0.04% 0.04% 
 1440 0.04% 0.04% 0.04% 0.04%  720 0.04% 0.04% 0.04% 0.04% 
 1740 1.04% 0.04% 0.04% 0.04%  1440 4.07% 0.04% 0.04% 0.04% 
 4200 13.69% 0.04% 0.04% 0.04%  2460 9.29% 0.25% 0.10% 0.09% 
 5460 17.98% 0.08% 0.04% 0.04%  4260 16.61% 0.50% 0.20% 0.18% 
 6780 21.13% 1.20% 0.10% 1%  5820 17.72% 0.50% 0.20% 0.18% 
 11700 20.79% 1.60% 0.50% 1.50%  10140 20.05% 1.17% 0.41% 0.40% 
 19020 23.6% 1.83% 1.00% 1.70%  15120 20.57%    
51 0 0.04% 0.04% 0.04% 0.04% 52OA 0 0.04% 0.04% 0.04% 0.04% 
 1440 0.04% 0.04% 0.04% 0.04%  720 0.04% 0.04% 0.04% 0.04% 
 1740 2.42% 0.04% 0.04% 0.04%  4320 12.50% 0.04% 0.04% 0.04% 
 2340 5.81% 0.04% 0.04% 0.04%  6000 14.11% 1.00% 0.50% 0.10% 
 2820 10.94% 0.10% 0.06% 0.07%  6360 16.53% 1.00% 0.50% 0.34% 
 4200 16.29% 0.90% 0.06% 0.07%  7740 22.38% 2.00% 1.00% 0.34% 
 5520 17.43% 1.10% 0.10% 0.15%  8640 22.44% 2.00% 1.00% 0.34% 
 7260 20.52% 1.82% 0.37% 0.47%  15120  2.75% 1.50% 0.34% 
 11760 21.26% 1.82% 0.37% 0.47% 86 0 0.04% 0.04% 0.04% 0.04% 
 
19020 23.26% 1.82% 0.37% 0.47%  720 0.04% 0.04% 0.04% 0.04% 
85 0 0.04% 0.04% 0.04% 0.04%  1440 3.66% 0.04% 0.04% 0.04% 
 1440 0.04% 0.04% 0.04% 0.04% 
 2520 9.56% 0.75% 0.10% 0.15% 
 1680 1.55% 0.04% 0.04% 0.04% 
 4380 18.32% 1.50% 0.20% 0.30% 
 2820 10.30% 0.35% 0.25% 0.25% 
 5940 19.72% 1.50% 0.20% 0.30% 
 4260 15.82% 0.75% 0.25% 0.38% 
 15540 24.39% 3.34% 0.40% 0.69% 
 5580 17.07% 1.00% 0.38% 0.38% 
      
 7320 19.44% 1.50% 1.00% 1.00% 
      
 11820 20.18% 2.00% 0.75% 0.75% 
      
 19080 21.30% 3.18% 1.28% 1.31% 
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Table 4. CO2 evolution (in percent) from experiments with 1 mg/ml glucose. LC, live control; 
LE, live experiment; DC, dead experiment; DE, dead experiment with glucose. 
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M27 0 0.04% 0.04% M28 0 0.04% 0.04% 
 1440 0.04% 0.04%  720 0.04% 0.04% 
 1800 1.55% 0.04%  1440 1.41% 0.04% 
 2880 2.18% 0.04%  2460 1.83% 0.08% 
 4260 2.85% 0.04%  4320 3.37% 0.17% 
 5520 3.29% 0.04%  5820 3.97% 0.17% 
 6840 4.75% 0.01%  10140 4.43% 0.39% 
 11700 4.09% 0.43%  15120 
6.40% 0.46% 
 19020 4.85% 0.43% 
86 0 0.04% 0.04% 
51 0 0.04% 0.04%  720 0.04% 0.04% 
 1440 0.04% 0.04%  1440 2.18% 0.04% 
 1800 1.99% 0.04%  2460 2.79% 0.16% 
 2880 2.76% 0.04%  4320 3.51% 0.35% 
 3000 2.31% 0.07%  5880 4.03% 0.35% 
 4260 3.11% 0.15%  15420 5.73% 0.71% 
 5520 3.94% 0.30%     
 7260 4.45% 0.37%     
 11760 4.72% 0.37%     
 
19020 5.24% 0.37%     
85 0 0.04% 0.04% 
    
 1440 0.04% 0.04% 
    
 1800 2.09% 0.04% 
    
 3000 2.40% 0.20% 
    
 5580 3.70% 0.20% 
    
 7320 4.59% 0.30% 
    
 11820 5.68% 0.50% 
    
 19080 7.28% 0.70% 
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Table 5. Calculated biodegradation rates (µ).  
Sample M27 51 85 M28 52OA 86 
10 mg/ml 0.29 0.47 0.33 0.24 0.30 0.24 
1 mg/ml 0.18 0.24 0.25 0.10 
 
0.13 
 
 
 
 
 
 
 
 
 
 
Figure 12. CO2 concentrations over time for each of the experimental series for samples 
NSF_10_M27,  _51 and NSF_11_85. Results also reported in Tables 4 and 5. 
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Figure 13. CO2 concentrations over time for each of the experimental series for samples 
NSF_10_M28, _52, and NSF_11_86. Results also reported in Tables 4 and 5. 
 
 
 
 
 
 
  
 
Figure 14. After spiking the NSF_10_52OA sample after 24000 minutes with additional glucose, 
there was little change in the amount of CO2 produced, although the CO2 concentration 
continued to increase.  
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Table 6. Microbial biomass results from CFUs plate experiment (48 hours).  
  
Number of Colonies  
 
Plate 
Original 
samples 
After incubation experiment  
(10 mg/ml) 
After incubation experiment  
(1 mg/ml) 
M27 1 13 x 10
5
 1.12 x 10
7
 8 x 10
6
 
 
2 8 x 10
5
 1.35 x 10
7
 7 x 10
6
 
 
3 9 x 10
5
 1.21 x 10
7
 8.5 x 10
6
 
51 1 2 x 10
5
 2.3 x 10
7
 2 x 10
7
 
 
2 2.1 x 10
5
 1.85 x 10
7
 1.4 x 10
7
 
 
3 2 x 10
5
 2.15 x 10
7
 1.2 x 10
7
 
85 1 13 x 10
5
 6.5 x 10
6
 4.8 x 10
6
 
 
2 9.2 x 10
5
 3.5 x 10
6
 6 x 10
6
 
 
3 9 x 10
5
 1 x 10
6
 4 x 10
6
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DISCUSSION 
It is well known that many factors like pH, temperature, salinity, and vegetation type, can 
impact the microbial diversity and community structure in marsh sediments (Christian et al., 
1978; Pettersson and Bååth, 2003; Moussa et al., 2006; Nacke et al., 2011; Redmond and 
Valentine, 2011; Sheik et al., 2011). But, there have been a limited number of studies that 
investigated the diversity of microbes from coastal marshes, especially in Louisiana. So, when 
the Deepwater Horizon oil spill occurred, there was limited knowledge of how the microbial 
communities would change as a direct effect of the oil contamination or from other changes that 
would take place in the ecosystem.  DeLaune and Wright (2011) suggest that microbial 
communities could change due to changes in the redox conditions, but because microbial 
communities are resilient, the communities would recover. Recovery times were considered to be 
unknown.  
This research is unique because there was a concerted effort to collect marsh samples 
prior to the oil spill impact. Although there was some indication that there was previous 
hydrocarbon contamination in the inland marsh sediments (Table 1), the edge sediments had no 
detectable hydrocarbons. Therefore, the pre-oil samples allowed for the characterization of 
sediment characteristics like water content or organic carbon content, as well as microbial 
community composition. These samples provided a snapshot of the microbial diversity of a 
„normal functioning‟ marsh ecosystem in southern Louisiana.  
The pre-oil samples were dominated by taxonomically, and metabolically, diverse 
proteobacterial groups from all classes. After oil from the spill penetrated the marshes, however, 
the composition of the communities shifted, at first decreasing diversity overall and then 
changing the structure of the communities. For instance, where communities had a range of 
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microbial groups under pre-oil conditions, after the spill and there were detectable hydrocarbon 
compounds in the sediments, some genera that had low abundance prior to the spill increased in 
relative abundance to other genera that decreased abundance. A year after the spill, the 
community structure did not return to pre-spill conditions. These results may indicate that 
microbial community recovery has not yet occurred.  
Although there was some indication from non-metric MDS plots that the bacterial 
diversity of post-oil samples may be influenced by the concentration of hydrocarbons, there was 
overlapping influence of salinity (Figure 6). For the samples on the eastern and west side of the 
Mississippi River (NSF_10_M1, and _M3; Figure 1), not only was there an increase in 
measurable hydrocarbon compounds in Sept 2010 at these locations, but there was a dramatic 
increase in salinity at these locations by June 2011 (Table 1). These locations were impacted by 
enhanced amounts of freshwater from high water levels of the Mississippi River, but also from 
freshwater diversion actions taken to keep oil from penetrating marshes and shipping channels in 
the immediate vicinity of the Mississippi River. Therefore, changes in the bacterial community 
composition for these sites, at the genus level but also at the phylum level, which decreased 
diversity by 50%, may be due to the impact of changes in salinity than from the changes in 
hydrocarbon concentrations. 
For the samples taken from central coasts of Louisiana (NSF_10_M27 and 
NSF_10_M28; Figure 1), there was very little change in salinity from May 2010 to June 2011 
sampling times. From Figure 6, these samples from Sept 2010 and June 2011 (NSF_10_51 and 
_52) cluster in the direction consistent with influence from sampling time and salinity, but also to 
inland and marsh edge hydrocarbon concentrations (Figure 10). Because the changes in oil 
concentrations were highest for these samples at the marsh edge and inland (Table 1), it is likely 
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that changes in the microbial communities may be related to the presence of oil. The overall 
diversity of these communities decreased, but only by a few phyla (Table 2). Within each of the 
major phyla, major changes in the genera were noted (Figure 11). 
There are several possible reasons why the impact of hydrocarbon contamination did not 
affect the compositions of the bacterial communities as dramatically as the changes experienced 
in communities affected by salinity differences. The most significant reason is likely related to 
the fact that hydrocarbons can be degraded by some microorganisms. There are numerous 
microbial groups that have been found at natural hydrocarbon seeps (Lanoil et al., 2001; 
LaMontagne et al., 2004). From the marsh sediments in my work, the appearance of Leucothrix, 
a known aromatic hydrocarbon degrader (Atlas, 1981), was only observed in high abundance 
from samples NSF_11_85A&B (Figure 11). This location had confirmed Macondo 252 oil. 
Moreover, because the degradation byproducts like small molecular-weight compounds can be 
used as substrate by other microbes in the community, hydrocarbon contamination may not cause 
stress to a community and decrease population sizes for other groups. However, the impact of 
microbial hydrocarbon degradation within a community may result in changes over time. For 
instance, from the studies of marine planktonic microbial communities after the Deepwater 
Horizon oil spill, Hazen et al. (2010) report that the Gammaproteobacteria dominate the groups 
capable of degrading hydrocarbons, and their distribution changes in the oil-contaminated marine 
waters relative to uncontaminated waters. Valentine et al. (2010) also describe changes in 
microbial populations capable of degrading propane and ethane in contaminated waters, which 
corresponds to a decline in oxygen concentration because of aerobic metabolism.   
The ability of the microbial communities to degrade hydrocarbons was evaluated in this 
study. Although hydrocarbon compounds were not used in this study, the analog compound 
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glucose allowed for the determination of heterotrophic, chemoorganotrophic, and fermentative 
metabolism from the sediments. The samples with the highest µ were those that had the most 
change in microbial community during post-oil conditions, and particularly there was an increase 
in the relative abundance of a known hydrocarbon degrader, Leucothrix spp. (Figure 11, Table 
5). These metabolic pathways are linked to hydrocarbon degradation, and therefore the results 
from my study potentially provide the greatest µmax for the communities for hydrocarbon 
degradation. An important result to support this point comes from the sample incubated with 
glucose, then spiked with additional substrate after a long period of time at stationary phase 
(Figure 14). The rate of CO2 evolution did not change with the additional substrate. These results 
indicate that the microbial community that was capable of degrading glucose was at its µmax. 
Unless there was a shift in the community composition, or a significant increase in biomass and 
therefore substrate demand, or even a change in the redox or possibly nutrient composition of the 
sediments, the community could not degrade additional substrate.  
These results have important implications when considering the ability of the original 
marsh sediment microbial community to degrade hydrocarbons and the impact that diminished 
biodegradation of hydrocarbon contamination may have on the ecosystem at large. If the 
microbial community, or populations within the community, had reached the µmax for substrate 
degradation, then the addition of more oil into the community may result in biologically 
undegraded material over time. In the future, it may be possible to evaluate this by looking at the 
changes in the ratios of different alkane and aromatic compounds (e.g., C17-pristane to C18-
phytane ratios). These changes could indicate the relative contributions of biological degradation 
versus chemical degradation (due to evaporation or photolysis).  
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In conclusion, the results from this study partially support the research hypotheses one 
year after the Deepwater Horizon oil spill. All sites had shifts in the microbial community 
composition, regardless of the amount of hydrocarbon contamination. The effect of seasons on 
microbial community composition are not known and could not be evaluated from this study, 
although there was some indication that sampling time may have played a role in controlling 
microbial community composition. The different sampling times could be more related to what 
changes had occurred in the geochemistry or overall ecosystem, such as changes in salinity or 
changes in water depth in the marsh or vegetation changes. For half of some sites, changes in 
microbial community composition appeared to be more impacted by changes in salinity (Figure 
10). More importantly, changes at the different sampling times corresponded to differences in 
hydrocarbon contamination (Figures 8 and 9). However, even sites that did not seem to be 
visually impacted by oil had measurable hydrocarbon compounds, although their compositions 
could not be definitively linked to Macondo 252 oil. The presence of hydrocarbons could relate 
to changes in rates of microbial degradation (Table 5). By comparing with different calculation 
results of µ, the NSF_10_51 sample, which had Macondo 252 oil, had the highest value for the 
experiments using 10 mg/ml glucose. These results partially supported the second hypothesis of 
the thesis because the same sample with 1 mg/ml glucose did not have a high µ value. All the 
samples are reported to have completely different microbial communities from the cluster 
analyses (Figures 6 and 11). Therefore, the microbial community composition may be an 
important factor in the degradation rates, as changes in the rates occur from changes in the 
microbial communities. The results from this thesis have important implications for 
understanding the effects of disturbances on microbial communities in coastal marshes, and what 
changes at the microbial community level may mean to marsh biogeochemical cycles. 
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